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ABSTRACT
The form of the amide I infrared absorption band provides a sensitive probe of the secondary structure and dynamics of proteins in the
solution phase. However, the frequency coincidence of the amide I band with the bending vibrational mode of H2O has necessitated the
widespread use of deuterated solvents. Recently, it has been demonstrated that ultrafast 2D-IR spectroscopy allows the detection of the pro-
tein amide I band in H2O-based fluids, meaning that IR methods can now be applied to study proteins in physiologically relevant solvents. In
this perspective, we describe the basis of the 2D-IR method for observing the protein amide I band in H2O and show how this development
has the potential to impact areas ranging from our fundamental appreciation of protein structural dynamics to new applications for 2D-IR
spectroscopy in the analytical and biomedical sciences. In addition, we discuss how the spectral response of water, rather than being a hin-
drance, now provides a basis for new approaches to data pre-processing, standardization of 2D-IR data collection, and signal quantification.
Ultimately, we visualize a direction of travel toward the creation of 2D-IR spectral libraries that can be linked to advanced computational
methods for use in high-throughput protein screening and disease diagnosis.

© 2023 Author(s). All article content, except where otherwise noted, is licensed under a Creative Commons Attribution (CC BY) license
(http://creativecommons.org/licenses/by/4.0/). https://doi.org/10.1063/5.0129480

INTRODUCTION

The link between protein structure and function is well estab-
lished, but the fact that biological processes occur predominantly
in the solution-phase means that in vivo analysis of biological
systems requires tools that can probe protein structure under aque-
ous (H2O) conditions. The most powerful structural analysis tools
that operate on solution phase samples, nuclear magnetic resonance
(NMR) and infrared (IR) absorption spectroscopies, both experience
challenges that dictate the use of isotope labeling or isotopic
exchange of the solvent. In the case of IR spectroscopy, the amide
I (νamI) band of the peptide link, essentially the C=O stretching
vibrational mode, reports sensitively on secondary structure.1–11

This is due to the macroscopic coupling of amide I modes of
individual peptide residues that arises from hydrogen bonding
patterns and spatial relationships in secondary structural elements,

which influences the frequency, width, and shape of the amide
I band of the molecule.1,2,5–8,12 The problem arises because the
frequency range of the amide I band of proteins (∼1620 to
1680 cm−1) coincides almost exactly with the broad H–O–H
bending vibrational mode of H2O (δHOH). This frequency overlap
means that transmission IR absorption spectroscopy requires very
short path length samples to avoid saturation of the δHOH mode.13

Even under these conditions or when applying alternate methods
such as attenuated total reflection (ATR) spectroscopies, it remains
extremely difficult to achieve unequivocal separation of H2O and
protein signals, while the analysis of mixtures of proteins is even
more challenging.

The frequency coincidence of the amide I and δHOH modes
has led to the widespread application of H/D exchange in IR spec-
troscopy, whereby deuterated solvents are used in place of H2O.
The isotope shift of the water-bending mode (δHOH–δDOD) is about
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400 cm−1, effectively enabling direct measurement of the protein
amide I band free of solvent interference. This elegant solution
has enabled amide-I-based IR spectroscopy of proteins to become
a standard method, leading to a detailed understanding of the
spectroscopy and dynamics of proteins in solution.12,14–24

There remain, however, applications where IR spectroscopic
probing of proteins would be advantageous, but deuteration is either
undesirable or impossible. These include the use of IR methods to
analyze the protein content of biofluids, where variations in the
protein content could be indicative of changes in patient health,
but solvent exchange is practically extremely difficult and diagnosti-
cally highly undesirable.25–27 Similarly, IR analysis of protein–drug
binding for drug design applications could provide useful insight
into the structural and dynamic impacts of drug candidate molecules
binding to target proteins, but large-scale sample deuteration is
inefficient and economically unviable. The replacement of H2O with
heavy water also raises fundamental questions relating to the impact
of the isotopic exchange on biomolecular function and behavior.28,29

The kinetic isotope effect highlights the fact that deuteration affects
the rates of biological reactions, while the importance of H-bonding
to protein structures means that heavier solvent molecules are likely
to change the rates of structural fluctuations and transitions between
structures during function. Finally, the removal of the natural
resonance between the δHOH mode and the amide I band will change
the vibrational coupling and energy transfer processes between
solvent and solute, meaning that deuterated systems may not
perfectly mimic the in vivo situation.28

It has recently been demonstrated that ultrafast third-order IR
spectroscopy methods, such as 2D-IR, can offer a route to studying
the protein amide I band in H2O-rich fluids.13 The basis for this is
the fact that the coupling of amide I modes in secondary structural
elements leads to molar extinction coefficients for protein amide
I bands that are some two orders of magnitude greater than those

of the δHOH mode.30 Under normal conditions for IR absorption
spectroscopy (<1 mM protein concentration and 10–50 μm path
length), the absorbance of a large numerical excess of weakly absorb-
ing solvent molecules far exceeds that of the few, strongly absorbing
protein molecules [Fig. 1(a)]. In contrast, the four laser–molecule
interactions needed to generate a third-order non-linear optical
spectroscopy signal lead to a quadratic dependence of the signal
upon the molar extinction coefficient such that the few strongly
absorbing protein molecules dominate the signal and the solvent
response is much weaker [Fig. 1(b)].12,13,31

The use of 2D-IR methods confers other advantages for
revealing the information content of the amide I band. The higher-
order dependence of the signal on the extinction coefficient means
that the measured linewidths in 2D-IR spectra are slightly narrower
than those from absorption spectroscopy, increasing spectral
resolution.32 This can be particularly advantageous when attempt-
ing to differentiate amide I contributions from different protein
secondary structural elements.33 The 2D-IR signal strength has also
been shown to report on the extent of coupling within a macro-
molecule, which adds information relative to an IR absorption
spectroscopy measurement.31,34 The ability of 2D-IR to spread the
amide I band over two frequency axes with the off-diagonal part
of the spectrum reporting sensitively on amide I coupling, energy
transfer, and structural dynamics means that each protein gives rise
to a specific 2D spectral map that is intimately linked to its structure
and dynamics in solution. This direct link between structure and
spectroscopy confers benefits either for observing small structural
and dynamic changes upon perturbation of the protein structure,
such as by small molecule binding, or for the separation of signals
in mixtures.35–37 Finally, the use of ultrashort-duration laser pulses
to generate the 2D-IR signal enables the measurement of the amide
I response in a time-resolved manner. This leads to three benefits.
First, the vibrational lifetime of the amide I band of proteins (∼1 ps)

FIG. 1. (a) FTIR spectra of H2O (black)
and a solution of bovine serum albumin
(BSA, 30 g/l) in H2O (red). The protein
concentration corresponds to ∼0.45 mM,
and the sample path length was ∼3 μm
(b) Pump frequency slices taken from
the 2D-IR spectra of H2O (black) and
BSA (30 g/l) in H2O (red) at a frequency
of 1656 cm−1. 2D-IR spectra of BSA
(30 g/l) shown in both (c) H2O with path
length ∼3 μm and (d) D2O with path
length of 25 μm. Note (c) is scaled by a
factor of 15 to enable plotting on a similar
scale to that of (d).13 All 2D-IR spec-
tra were obtained with a waiting time of
250 fs.
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is significantly longer than that of the δHOH mode (∼220 fs),38–40

meaning that the experimental waiting time (analogous to a pump-
probe delay time) can be used to separate signals from protein and
solvent.13 Second, a separate signal arising from small residual water
heating appears after the protein signal has decayed, and this can
be used as an internal standard for signal processing and analysis
purposes.41 Third, it has been shown that the amide I vibrational
lifetime depends on secondary structure, which offers an additional
possibility for discriminating structure elements.42

The ability to measure protein structure and dynamics in
H2O-rich fluids allows the extension of IR methods into analytical
applications of the type described above. The purpose of this
perspective is to review progress in measuring the 2D-IR spectra
of proteins in water, including new data analysis protocols that are
made possible by the water response that presents such a problem
to IR absorption methods. Thereafter, we will discuss applications
of the approach in a range of areas, including the measurement
of protein dynamics in H2O, the observation of intermolecular
interactions, and applications of 2D-IR in vivo. In doing so, we
will consider future directions and the likely result of combining
this new spectroscopic approach with high-speed data acquisition
strategies for the exploitation of 2D-IR in analytical and biomedical
contexts.

METHODOLOGY

The method for acquiring 2D-IR spectra has been described in
detail previously,12 so we will focus specifically on the experimental
approach for acquiring 2D-IR spectra of the amide I band of
proteins in H2O-rich fluids.13 As shown in Fig. 1(a), the IR absorp-
tion spectrum of a solution of protein [in this case bovine serum
albumin (BSA)] at sub-mM concentrations in an aqueous (H2O)
buffer solution is dominated in the amide I region (near 1650 cm−1)
by the absorption band due to the δHOH mode. Unless the sample
path length is restricted, this band will generate an absorbance in
excess of unity, which can cause peak shape distortion and reduced
signal-to-noise ratios in 2D-IR spectra. To limit the absorbance
due to the δHOH band, samples were prepared with path lengths of

∼3 μm.13 This was achieved by placing a droplet of protein solution
(∼15 μl) onto a CaF2 window. The second window was then placed
on top of the first and held in place using a standard IR transmis-
sion cell arrangement. The only difference from standard sample
preparation methods for 2D-IR spectroscopy was the omission of a
physical spacer between the CaF2 plates. Instead, the path length was
controlled by adjusting the tightness of the front plate of the sample
cell. It was found that adjusting this until an absorbance value of
∼0.01 was achieved for the band due to the water δHOH + νlibration
combination band near 2100 cm−1 corresponded to a path length of
∼2.75 μm.13

2D-IR data acquisition was achieved using the now-standard
approach with three pulses (two “pump” and one “probe”) arranged
in a pump-probe-style geometry and the pump–pump delay time
(τ) being scanned using a mid-IR pulse shaper.43,44 However, the
method would also be applicable using non-pulse shaping methods
and boxCARS geometries.32,45 For the 2D-IR data shown in Fig. 1,
τ was typically scanned for 3–4 ps using four frame phase cycling.
The acquisition time for a single spectrum was around 60 s.13 Data
were collected at a range of waiting times (Tw) in order to facilitate
studies of protein dynamics, though for a purely spectroscopic
analysis, the measurement time can be reduced by acquiring only
two waiting times of 250 fs and ∼5 ps; the former to measure the
protein spectrum, the latter to sample the H2O thermal signal for
use in data analysis (see below).41 The impact of H2O absorption
of the pump and probe beams by the sample as well as the need
for a shorter sample path length lead to a slight reduction in the
signal-to-noise ratio in comparison to a spectrum of the same pro-
tein at the same concentration obtained under deuterated conditions
[Figs. 1(c) and 1(d)].

Measuring the 2D-IR spectrum of a sample in which bands
due to water (δHOH) and protein (νamI) overlap means that signals
from both solvent and solute will be generated and therefore
detected. This is demonstrated in Fig. 2, where a 2D-IR spectrum of
bovine serum albumin (BSA) in H2O is shown as a function of Tw in
order to highlight the changes undergone by the signal. Initially, the
signal is dominated by the protein amide I band, though, at Tw values
shorter than 250 fs, there is also a contribution from δHOH, which is

FIG. 2. 2D-IR spectra of BSA in H2O
obtained at the following waiting times:
(a) 250 fs, (b) 500 fs, (c) 1 ps, (d)
5 ps. IR pump–probe spectra of (e) BSA
and (f) H2O. Waiting times range from
0 ps (blue) to 10 ps (red).13 Note: These
data were obtained using a different
laser/spectrometer to that in Fig. 1.
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∼50-times smaller than the amide I band. As Tw increases, the water
signal decays rapidly as a result of a vibrational relaxation time of
220 fs.38–40 This is replaced by a different signal caused by changes in
the shape of the δHOH band due to a small heating effect as the δHOH
mode relaxes. This thermal signal persists to waiting times on the
order of milliseconds, but the transition from the δHOH signal to the
thermal one leads to the water response passing through zero when
Tw is on the order of 200–250 fs.13 In contrast, the signal from the
amide I mode of the protein decays to the baseline over a period of a
few picoseconds, arising from an amide I relaxation time of around
800 fs. This means that the protein signal can be detected with
virtually no interference from the H2O signal by setting Tw to
∼250 fs. Moreover, the small size and reproducibility of the H2O
signal mean that it can be reliably scaled and subtracted to reveal
the solvent-free protein amide I band at all waiting times.

In addition to reliable solvent subtraction, the small but distinc-
tive water response has been found to have several benefits for 2D-IR
implementation. In particular, the size of the thermal response at a
fixed waiting time after the protein amide I signal has decayed has
been found to provide a means of standardizing the spectra.41 By
making a large number of repeated measurements of the spectrum
of the same sample over a period of time, it was found that the size
of the H2O thermal response at longer waiting times [Tw = 5 ps,
Fig. 2(d)] correlated linearly with the amplitude of the amide I band
at Tw = 250 fs [Fig. 2(a)]. This allowed the thermal response to be
used as an internal standard because it provides an in situ measure-
ment of the experimental factors such as laser power, beam overlap,
and sample path length that affect the magnitude of the 2D-IR
signal measured in a given experiment. Path length, in particular,
was found to be a source of significant sample-to-sample variation
due to the need to manually define the very short path length. Thus,
normalization of 2D-IR data to the thermal water response facili-
tates accurate comparison of different samples as well as the ability
to calculate difference spectra in a manner that significantly reduces
the impact of experimental errors that can occur when preparing
separate samples.41

More recently, this process of normalizing the 2D-IR signal
to the H2O thermal response has been extended so that the water
signal can be used as a tool to monitor laser bandwidth as well as
sample-to-sample variations in alignment and sample cell construc-
tion.46 The bandwidth of the water signal is extremely broad and
can exceed the typical laser pulse bandwidth used for 2D-IR data
acquisition. This is especially the case for high pulse-repetition rate
Yb-based laser systems, which lend themselves to more analytical
applications of 2D-IR by virtue of the faster data acquisition rates
that they enable.43,47,48 These systems currently exhibit bandwidths
on the order of 80 cm−1 in the amide I region. The latter is poten-
tially problematic for protein studies due to the broad nature of the
amide I band, and so the ability to monitor the laser bandwidth
profile during the measurement provides a guide for correction of
baseline fluctuations49 and the ability to identify regions of the spec-
trum where reduced pulse energy may be impacting the shape of the
recovered amide I signals. Bandwidth correction is achieved by using
the shape of the thermal water response as a direct measurement of
the laser pulse bandwidth and has been shown to lead to an effective
pre-analysis data processing method for 2D-IR data that improves
the signal-to-noise ratio and reduces the detection limit for analyti-
cal applications of 2D-IR. Overall, standardization of 2D-IR spectra

via measurement of the water thermal response will provide an
efficient route to data collection in high-throughput measurement
protocols.

PROTEIN SPECTROSCOPY

One of the fundamental questions associated with the use of
deuteration for amide I IR spectroscopy is the impact of the iso-
topic substitution upon the observed spectra, for example, in terms
of band positions and line shapes. It is widely assumed that the
impact is small, and so measurements in D2O provide a good basis
for our understanding of proteins in H2O.29 The ability to measure
the amide I band in the solution phase free from complications of
overlapping water signals now allows this question to be addressed
using experimental data. Although few studies in this area have been
undertaken so far, 2D-IR measurements of the same proteins in both
H2O and D2O suggest that changes in both amide I band position
and shape may occur [Figs. 1(c) and 1(d)].13 The impact on the
band frequency is modest but clear, with deuteration leading to a
frequency down shift of around 10 cm−1. This is consistent with
predictions from computational simulations and also with measure-
ments in which ATR-IR absorption was used to subtract the solvent
response and implies that there is no dramatic change in amide
I behavior with solvent.29 It is however noticeable that the change
in solvent leads to different 2D shapes of the amide I band, with
changes in linewidth observed as well as the central frequency.13 As
the 2D-IR linewidths report on inter-peptide vibrational couplings,
structural and vibrational dynamics, and energy transfer processes,
this observation is worthy of further study because it raises the
prospect that, although the amide I band is not significantly affected
in terms of its frequency, the underlying molecular dynamics may
be perturbed.28 In any definitive study, it will be essential to ensure
complete deuteration of the protein backbone, but the indications
that the amide I band shift between H2O and D2O is not linear with
frequency suggest that a detailed analysis would be warranted. Given
the important role that has been played by computational simula-
tions in developing our understanding of the link between structure
and 2D spectroscopies,2,6,50–53 supporting these experimental devel-
opments with parallel computational investigations of the impact of
H2O/D2O exchange will be essential.

PROTEIN DYNAMICS

In addition to work on the amide I spectroscopy of proteins,
there have been studies that show an impact of the isotopic com-
position of the solvent on their vibrational relaxation behavior. In a
study that measured the vibrational lifetime of the amide I band of
several globular proteins, it was found that replacing D2O with H2O
resulted in a 10% reduction in relaxation time on average (Fig. 3).13

It has been hypothesized that the resonance of the δHOH mode with
the amide I band, along with the propensity for direct hydrogen
bond contacts to occur between the solvent and the peptide C=O
unit, would lead to an efficient vibrational relaxation mechanism,
similar to that observed for other chemical systems where an anal-
ogous resonance exists.54,55 The 10% reduction observed for the
studied proteins would seem to be much less dramatic than might
be expected based on these studies of solutes, which exhibit far less
structural complexity. However, in the case of proteins, it must be
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FIG. 3. Temporal variation of the amide I
v = 0–1 transition for (a) BSA, (b) Immu-
noglobulin G, and (c) γ-globulins in both
D2O (red) and H2O (blue) solvents.
Solid lines denote tri-exponential fits for
H2O and single exponential decays for
D2O.13

taken into account that (i) only a fraction of protein residues will
be fully exposed to the solvent, (ii) each protein will differ in terms
of its structure and solvent interactions, and (iii) the process of
intramolecular relaxation within secondary structural units might
be expected to be rapid due to H-bonding and associated vibrational
coupling, and this may compete effectively with solvent-mediated
relaxation. Thus, a careful study of relaxation behavior as a function
of secondary structure and solvent exposure would be beneficial in
addressing these open questions.

A detailed understanding of amide I dynamics in H2O would
also provide a valuable link to studies that employ vibrational probe
groups with mode frequencies that are shifted away from those
of the amide I band to interrogate protein structural dynamics.
Common examples include azido, thiocyanate, and their derivatives,
among others.49,56–70 Such studies have provided a wide range of
site-specific insights into the inherent dynamics of proteins and
their solvent interactions. Because they exploit probes with vibra-
tional mode frequencies in the IR window around 2000 cm−1, well
separated from backbone and solvent modes, these studies are often
performed in H2O.58 Currently, these data have to be correlated
with amide I dynamics derived from measurements in D2O, which
represents a fundamental difference between the samples that could
now be addressed.

INTERMOLECULAR INTERACTIONS

Another area in which the ability to measure the amide I band
in H2O is expected to be of benefit is in the field of biological
intermolecular interactions. For example, a recent publication has
shown the kinetics of amyloid fibril formation, which involves the
formation of large aggregates, to be slower in D2O as compared
to H2O.71 To study fibril formation in H2O, 2D-IR spectra were
obtained at regular intervals over the course of amyloid fibril
formation, with signals due to β-sheets, which are used as a marker
for fibril formation, appearing earlier in H2O than D2O.71 It was also
suggested that the initial structures from which the fibrils form could
be different,71 though with the caveat mentioned above that funda-
mental differences in the amide I spectroscopy of the same molecule
in H2O and D2O are not yet fully understood.

This work builds on a number of studies that established the
methodology for following processes such as fibril formation on
biological timescales using 2D-IR spectroscopy, including develop-
ing the use of isotope labeling to reveal molecular details of the
fibrillation pathway.21,23,24,72–79 This has recently been extended by

a novel approach to studying fibril formation in blood serum, where
different fibril structures were observed as compared to those found
in aqueous buffer solutions. In this study, the natural protein con-
tent of the serum samples was depleted via antibody-based methods
prior to freezing, lyophilization, and resuspension in D2O. In this
manner, the study was able to evaluate the impact of additional
molecular components of blood serum, such as salts, lipids, and sug-
ars upon the fibrillation pathway, albeit still in a largely deuterated
solvent.80

A particularly interesting outcome of these fibrillation studies is
the observation that intermolecular processes between biomolecules
may be influenced by solvation in an isotopically labeled solvent.
There have been studies that suggest that the nature of D2O, in terms
of its structure, H-bonding, and ability to solubilize biomolecules,
may be different from that of H2O.28 If this is found to fundamen-
tally alter intermolecular processes, then it will have implications
for studies of complex biomolecular mechanisms, such as transcrip-
tion, replication, or aggregation, which often involve the formation
of clusters or assemblies.

The choice of solvent could also impact small molecule bind-
ing to proteins. A small number of studies have highlighted changes
in the structural dynamics of proteins upon binding of molecules
ranging from substrates to inhibitor analogs and drug molecules,
and these have shown a general trend toward complex formation
leading to an increase in stiffness or reduced dynamic fluctua-
tions in the protein backbone.35,36,56,66 As some of these studies
have been performed using site-specific vibrational probes in H2O,
the implication is that this effect is not exclusive to a particular
solvent, though the extent of the effect may differ between
H2O and D2O if the solvent has a direct impact on the native
structural dynamics of the protein, as has been demonstrated.69

A detailed study of the impact of small molecule binding on
amide I spectroscopy and dynamics that would confirm this is
yet to be undertaken, though it has been shown that 2D-IR spec-
troscopy can detect spectroscopic changes in the serum albumin
protein when paracetamol is introduced into blood serum samples
(Fig. 4).36 The changes observed included a shift in the amide
I band position and changes in amplitude of the 2D-IR signal,
which are suggestive of an impact upon the vibrational coupling
within secondary structure elements of serum albumin. These could
imply altered structural dynamics caused by drug binding but will
require further investigation. Given the central position in biological
function occupied by intermolecular interactions of all types, this
area is one that will clearly benefit from more experimental
data.
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FIG. 4. (a) 2D-IR spectrum of blood serum. Black dashed horizontal line at fre-
quency of 1652 cm−1 is used for further analysis in (b). (b) Slices through the
2D-IR spectra of a number of serum-paracetamol mixtures at a range of parac-
etamol concentrations. The black dashed curve denotes the neat serum spectrum
obtained in the absence of the drug. For clarity, the slice is base-lined at 1661 cm−1

and normalized to the globulin contribution at 1629 cm−1, as indicated by the blue
vertical dashed lines. Green arrows indicate line shape changes with increasing
paracetamol concentration. Inset shows the v = 0–1 peak expanded for clarity,
denoted by the black box in the main figure. It is noted that the 2D-IR signal from
free paracetamol is not detectable at the concentrations used in the study.36

PROGRESS TOWARDS IN VIVO 2D-IR

One of the most exciting new avenues of inquiry that the ability
to measure amide I protein spectroscopy in H2O opens up is the
ability to study systems in vivo. This has been an active area of study
since the first demonstration of the method, with studies focusing on
measuring the 2D-IR spectra of proteins in blood serum.13,36,37,41,46,80

The analysis of blood serum is technically challenging because
it consists of a complex mixture of many proteins in an aqueous
matrix that also contains lipids, sugars, ions, and nucleic acids.
However, the fact that blood serum encounters most of the major
organs in the body means that it has the potential to provide a
chemical snapshot of metabolic processes and so could provide
useful data on patient health or an early warning of disease onset.
The protein component, in particular, has been shown to fluctuate
in terms of composition and the concentration ratios of certain
proteins in the event of ill health.13 This presents an opportunity
for 2D-IR to contribute to biofluid diagnostics because measuring
protein concentrations currently requires antibody panels, which
cannot address large numbers of proteins and must be directed
toward certain biomedical questions rather than providing a general
screening tool.

Vibrational spectroscopy, in general, is attractive as a means
of biofluid analysis because, in principle, each protein provides a
distinct, secondary-structure-related amide I band.25–27,81 However,
absorption spectroscopy of biofluids has required sample drying
to remove the H2O contribution, while reliable mixture analysis
using IR absorption has proved elusive due to the broad overlap-
ping nature of the bands of different proteins. This highlights a
potential advantage for 2D-IR spectroscopy because of its abilities to
bypass the H2O problem, produce a structure-specific 2D signature
for each protein, and also offer better resolution via the slight band
narrowing in comparison to IR absorption spectroscopy mentioned
above.

In a study of the 2D-IR spectrum of blood serum, it was shown
that clear resolution of amide I bands from the majority serum
albumin protein, which makes up between 43% and 70% of the
protein content,82 and that due to the γ-globulins, which constitute
the remainder of the proteinaceous fraction, is possible. 13 The sepa-
ration of these signals was facilitated by the fact that serum albumin
is largely α-helical in terms of structural composition while the
globulins contain a large proportion of β-sheet structures, but a
similar result was not possible using IR absorption spectroscopy.
In a demonstration of the potential relevance of 2D-IR to biofluid
analysis, the albumin and globulin peak amplitudes were used to
determine the albumin-to-globulin concentration ratio (AGR).13

The AGR has been shown to vary in the presence of disease as well
as with metabolic activity, so it provides a useful piece of diagnos-
tic data. It was determined that the accuracy with which the AGR
could be established with 2D-IR (±4%) was larger than that from
laboratory assays (±1%), but the lack of complex sample preparation
showed that the potential exists for this to be a realistic screening
approach.

The utility of 2D-IR lineshapes was demonstrated when
changes in the γ-globulin signal were detected upon spiking serum
samples with different quantities of the specific globulin proteins
IgA, IgM, and IgG.13 These proteins constitute the bulk of the
γ-globulin fraction of serum and have similar β-sheet-rich secondary
structures, but showed differences in their spectral signatures, which
allowed them to be detected separately in serum spectra. This proof-
of-concept study suggests that as the 2D-IR method evolves in
terms of measurement sensitivity and as data analysis becomes
more sophisticated, it may be possible to use 2D-IR to determine
the concentrations of a number of important proteins in a single
measurement rather than just the AGR ratio.46,83 Note that the
protein concentration can be quantified because the H2O thermal
response can be used as an internal standard, as discussed above.

It has already been mentioned above that blood serum anal-
ysis using 2D-IR has encompassed a study of drug binding to the
albumin fraction.36 As well as offering a means to understand the
fundamental nature of protein–drug binding, this could be a useful
tool for both biomedical and pharmaceutical applications. Albu-
min is a promiscuous binding molecule and acts as a reservoir
for small molecules in the blood stream. As such, drugs will enter
an equilibrium between albumin-bound and free states. The posi-
tion of this equilibrium can impact the efficacy of a drug molecule
because it is generally the quantity of the drug that is free in solu-
tion that is active. Similarly, in the event of a patient overdose, the
albumin-bound drug fraction can act as a reservoir, maintaining
high levels of free drug over a long period. Thus, whether for
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drug metabolism and pharmacokinetics (DMPK) applications or
biomedical diagnostics, the ability to measure the albumin-bound
drug fraction is likely to be important.84–86

Currently, methods exist that can measure the free component
of drugs, most notably electrochemical approaches can operate using
a drop of whole blood.84 However, direct measurement of the
bound fraction is challenging, requiring relatively slow wet chemical
analyses that frequently involve protein denaturation. There is thus
the possibility that 2D-IR could play a role in measuring the
albumin-bound fraction of drug molecules. However, the single
study to date cannot reveal whether the effect observed for the
paracetamol test-case was a specific spectral signature caused by
paracetamol binding or a generic effect caused by a small molecule
binding to one of the many binding sites in the albumin structure.36

Further work will be required to understand how specific 2D-IR will
be able to be in this respect.

Another promising area for 2D-IR biofluid diagnostics could be
the detection of the low molecular weight content of blood serum.
It was shown that the structure-specific off-diagonal peak patterns,
which occur in the 2D-IR spectrum of a molecule due to mode
coupling, can be used to quantify the presence of small molecules.
The specific example used glycine as a model peptide, but the
method could be extended to other molecules, including lipids,
nucleic acids, and sugars.37 For more challenging applications,
methods such as those developed to enable the study of fibril
formation, described above, in which the main protein content
can be depleted to focus on minor components could be used
in the future. Although there must be a focus on methods that
minimize sample handling or pre-preparation in order to optimize
spectroscopy for diagnostics, which may limit the utility of such
methods directly, there will be a broad scope for the use of depleted
serum as the authors suggest for studies of biomedical or biophys-
ical phenomena in the most physiologically relevant environment
possible.

Moving away from blood serum toward tissue, there have been
a number of studies using 2D-IR to observe the presence of fibrils
in cataracts.72,87,88 To date, these have been completed using dried
specimens, but the potential for future studies in wet tissue would
be an exciting development, especially if used in harness with 2D-IR
imaging modalities.89,90 IR imaging has been applied effectively as a
hyperspectral tool using FTIR for the diagnosis of cancerous tissue,91

so it will be interesting to judge whether the added information
content of a 2D-IR spectrum can provide useful data regarding the
proteinaceous content of tissue samples.

Finally, in an application to 2D-IR on in vivo systems other
than blood serum, it has been shown that amide I spectroscopy can
be used to differentiate species of bacterial spores.92 Differences in
the amide I bands of Bacillus atrophaeus and B. thuringiensis spores
indicated that changes in the protein content of the spore coat may
be used as a marker for discrimination. These studies also raise the
prospect of using 2D-IR to probe vegetative cells and cells of other
organisms in the future.

CLINICAL TRANSLATION OF 2D-IR

In recent years, infrared absorption spectroscopies have
increasingly been employed in clinical research settings, with studies
on disease diagnostics using biofluids showing great promise.93–96

However, there are many challenges to overcome before the
translation of 2D-IR from the research lab to the clinic can occur. In
particular, the standardization of data collection and development
of spectral pre-processing are vital to aid comparisons between
different spectrometers and to help improve data interpretability.
Additionally, while 2D-IR spectra can be acquired in under a
minute, this leads to large and complex datasets that take significant
time to analyze. For the realization of 2D-IR in clinical settings,
it would be prudent to learn from processes devised within the
IR absorption spectroscopy community and employ multivariate
analytical (MVA) techniques to analyze large spectral datasets. To
achieve this, further efforts in applying statistical analysis combined
with predictive modeling will be necessary. This will require the
generation of large spectral libraries and patient data banks to train
machine learning algorithms to diagnose particular diseases, but the
spectrometer technology has now developed to such a position as to
make such datasets viable in the short term.

The harnessing of 2D-IR spectral libraries to advanced data
processing will be assisted by the availability of computer software
packages that have been developed for processing and analysis of
spectroscopic datasets. Two of note are the PRFFECT processing
package and hyperSpec.97,98 Pre-processing and Random Forest Fea-
ture Extraction Combination Tester (PRFFECT) provides a full data
work-up, requiring very little input from the user. Essentially a
“black-box,” this package allows a user to apply a range of advanced
spectral processing and analysis tools, making techniques available
that were once only accessible to those with specialist knowledge.
Similarly, hyperSpec can be used to apply many different algorithms
written using R software to multiple types of spectroscopic datasets
with little user input. It is anticipated that the advent of large
protein data libraries will drive the production of similar automated
packages for the handling of complex 2D-IR datasets.

As described above, the development of methodologies for
processing the spectra of H2O-rich fluids can provide reductions
in spectral noise, increasing signal-to-noise ratios, and minimized
measurement-to-measurement fluctuations across instruments.
While a step in the right direction for the translation of 2D-IR to
clinical applications, additional experimentation on the capabilities
of 2D-IR when combined with disease classification algorithms and
the progression of 2D-IR toward human data will be essential.

CONCLUSIONS AND FUTURE PERSPECTIVES

Given that the first demonstration of using 2D-IR to study
protein amide I spectroscopy in H2O was published in 2019,13 it
is encouraging that examples of its application already span fun-
damental protein structure and dynamics, protein analysis, and
biomedical diagnostics. They also indicate that this is an area with
the potential for further growth in the years to come.

The likely extent of its impact will vary between these areas of
application. For example, the current high level of understanding
of protein structure and dynamics obtained via extensive studies
carried out in D2O alongside computational simulations means that
amide I spectroscopy in H2O is likely to provide only a fine-tuning
of these models. However, there are early indications that the solvent
has a considerable impact on intermolecular and solvation pro-
cesses, and the impact of these is yet to be fully appreciated.
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One area where the benefit of the ability to work in H2O-rich
fluids may be felt is in the use of 2D-IR for protein drug screening.
The removal of the need to deuterate samples will overcome a major
economic barrier to the implementation of the technology, while
fast data acquisition means that structural and dynamic information
on a large number of protein–drug combinations could be acquired
relatively quickly. These data could then form part of a pre-screen
for more detailed structural analysis using tools, such as NMR, crys-
tallography, or cryo-EM, which provide atomistic insight but take
considerably longer to acquire and analyze data, thus streamlining
the process of candidate molecule selection and optimization. This
discussion leaves aside the technical challenges for implementation
of 2D-IR spectroscopy in a commercial setting, which is outside the
scope of this article, but it is clear that the technology is improving
steadily in terms of reliability, ease of implementation, and speed
of data acquisition. Such advances will be accelerated if a broad
potential user base for the end product is identified.

Biomedical diagnostics also seems to be a promising route for
application of 2D-IR methods that has been opened up by the ability
to study proteins in H2O. The spectroscopic methodology required
to obtain spectra has already been developed in a number of areas,
while data preprocessing tools should continue to improve sensi-
tivity. This latter issue is a potential barrier to progress for 2D-IR,
largely because IR methods generally lack the sensitivity to inter-
rogate molecules at physiological concentrations, which lie in the
mM to nM range. While some molecules are clearly accessible, and
we highlight examples of protein content analysis and paracetamol
binding, which operated within physiologically relevant parameters,
other cases, such as the detection of glycine, have not yet been able
to reach physiological concentrations. It is anticipated that laser sys-
tems and detectors will continue to evolve, allowing ever-improving
sensitivity and lower detection limits, but other methods also offer
promise. A very recent proof-of-concept study involving the use
of silicon-based metasurfaces for the enhancement of IR signals in
diluted solutions is one such example.99 In this study, nanostruc-
tured surfaces were able to deliver 100-times improvement in the
IR absorption signal and an order of magnitude improvement over
ATR spectroscopy methods. The relevance to biofluid diagnostics is
that Si surfaces produce an enhancement effect that probes deeper
into the analyte than plasmonics-based methods, which have been
demonstrated for thin films and adsorbed analytes.100–105 This offers
the scope for IR enhancement in dilute solutions. Although these
have been demonstrated only for IR absorption methods so far, if the
approach is transferrable to ultrafast and non-linear spectroscopies,
then it will provide another route to improving the sensitivity of
detection with 2D-IR.

Whether for use in drug screening or biofluid diagnostics, it
is clear that opportunities exist in relation to the exploitation of
large quantities of 2D-IR data alongside sophisticated data analysis
tools. As 2D-IR data collection on a large scale becomes econom-
ically viable as well as technically possible, there is scope for the
creation of protein spectral libraries under H2O-rich conditions.46,83

This will serve the purposes of providing standards for use in ana-
lytical methods but also for the development of computational tools
and could, in principle, mirror the success of the protein databank
and other sources of open-access data relating to protein structure.
Previously, the lack of standardization across instruments and mea-
surement protocols would have made cross-comparisons extremely

problematic, but the water thermal response could provide a useful
tool for standardization that, with time and development, could
overcome many of these issues. In this, it is essential that progress
toward analytical applications learns from work in other disciplines,
where the need for standardization of methods and data analysis are
already under discussion.106
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